Cross-polarization magic-angle spinning solid-state NMR spectroscopy has been used to investigate the dependence of 13 C sugar chemical shifts on specific conformational parameters of a variety of ribonucleotides and ribonucleosides. Solid-state NMR is a valuable tool for nucleoside and nucleotide structural studies since it provides the means to acquire spectra that correspond to single conformations, as opposed to 13 C solutionNMRmethods. The distinct effects of sugar puckering on the C1′, C4′, and C5′ resonances of C2′ endo (S type) and C3′ endo (N type) furanoid conformations allow us to separate them into two groups. Further analysis of each group reveals an additional dependence of the C1′ and C5′ resonances on the glycosidic and C4′-C5′ exocyclic torsion angles, respectively. However, it is found that the glycosidic conformation cannot independently be determined from sugar 13 C chemical shift data. The statistical methods of exploratory data analysis and discriminant analysis are used to construct two canonical coordinates-linear combinations of chemical shifts which give the statistically optimal determination of the conformation from the NMR data.
INTRODUCTION
C cross-polarization magic-angle spinning (CP-MAS) NMR is a useful way to study the relationship between molecular conformation and carbon chemical shifts. Its primary advantage is that it allows acquisition of spectra of molecules "frozen" in a single conformation, rather than averaged over a Boltzmann distribution of all accessible low-energy conformations, as is the case in the liquid state. In the particular case of nucleosides and nucleotides, where the major conformational flexibility is in and around the sugar ring, a variety of different conformations are available in crystalline materials; these conformations are presumably determined largely by intramolecular and crystal packing forces (1) . Thus, the observed chemical shifts observed in the solid state correspond to specific sugar ring conformations, rather than to average values over the many conformations which exist in rapid equilibrium in solution (2) . One approach to determining oligonucleotide and RNA structure in solution has been to measure the steadystate or transient nuclear overhauser enhancement between adjacent protons, either by one-dimensional (3) or two-dimensional methods (4) . Such measurements are still the workhorses of most structural determinations. However, because of the relatively low proton density in nucleic acids, and because spin-diffusion complicates such measurements for larger oligonucleotides, other sources of structural information have been sought. Proton-proton 3 J coupling constants obtained via a parameterized Karplus equation (5, 6) can be used to determine the proportions of a small number of discrete conformations. However, that approach encounters real difficulties when used in the presence of significant cross-relaxation (7, 8) .
We have previously shown, via CP-MAS NMR spectroscopy of crystalline deoxynucleosides and deoxynucleotides and of fibrous DNA (9) , that the 13 C chemical shifts of the deoxyribose carbons are profoundly influenced by the sugar pucker, and to a lesser extent by the C4′-C5′ torsion angle (the exocyclic angle). Deoxynucleosides and deoxynucleotides with a ring pucker falling with the S-family, and B-DNA, show 13 C chemical shifts at the 3′ and 5′ positions between 5 and 8 ppm higher than those of N-puckered compounds, and A-DNA. The exocyclic angle had a smaller and less-convincingly demonstrated effect, with compounds gauche-trans about the C4′-C5′ bond having somewhat lower chemical shifts at the C5′ position than those with the more common gauche-gauche conformation.Varani andTinoco (10) used the trends observed in the DNA work to interpret solution 13 C spectra of RNA oligonucleotides. The availability of 13 C -labeled RNAs, prepared initially to allow the use of three and four-dimensional heteronuclear NMR techniques to circumvent the problem of spectral overlap in the proton spectrum of RNA (11) , has made the collection of 13 C chemical shift data routine. Empirical interpretation of 13 C chemical shifts has been used by many groups (12) (13) (14) (15) (16) , with considerable apparent success, despite the lack of 13 C benchmark information specific for RNA.
Recently, Au-Yeung and co-workers (17, 18) published 13 C NMR data for a series of crystalline oligonucleotides, interpreting them in a similar way to that used in our original paper and showing similar trends in the chemical shifts. They have also successfully reproduced the NMR data computationally. Previous calculations of 13 C chemical shifts had somewhat limited success; the early results of Giessner-Prettre and Pullman (19) , for example, predicted that the sugar pucker would have its smallest effect at the C3′ position, exactly opposite from experimental findings. Later computational results (20) focused on base chemical shifts. With consistent methodological improvement over the past 15 years, such computations are now a valuable adjunct to solid-state and solution NMR studies.
We have previously reported, in a preliminary communication (21), a novel approach to the utilization of 13 C chemical shift data, based on the analysis not of individual chemical shifts but of linear combinations of shifts, chosen to determine structural parameters in a statistically optimal fashion. In the present paper we present a detailed account of this technique, show how it can be used to determine sugar pucker and exocyclic angle with a high degree of certainty, and discuss the extent to which information about the glycosidic angle can be obtained from 13 C chemical shift data.
RESULTS
The nucleoside inosine has three well-characterized polymorphs in which the sugar conformation is distinctly different and therefore is an illustrative example of the effect of conformation on chemical shift. Upon slow evaporation from water at room temperature, inosine crystallizes as a dihydrate in the monoclinic space-group P2 1 (29) , which is isomorphous with guanosine dihydrate and has two chemically distinct molecules in the unit cell. We designate this form polymorph A. Rapid evaporation at room temperature tended to give an orthorhombic polymorph (30, 31) , also with two chemically distinct inosine molecules in the unit cell but lacking the water of crystallization. This is designated polymorph B. Finally, dehydration of commercial inosine or inosine dihydrate in an oven at 100°C for 24 h gives anhydrous monoclinic inosine (polymorph C), which has a single distinct molecule in the unit cell (32) . The identity of all three polymorphs was confirmed by X-ray powder diffraction. Polymorph A tends to lose water on storage in the laboratory atmosphere, giving polymorph B; guanosine dihydrate has similarly been observed to dehydrate to anhydrous guanosine (33) .
The solid-state CP-MAS NMR spectra of these three nucleosides are shown in Figure 1 . Polymorph C, with one molecule per unit cell, and thus five lines in the sugar region (50-100 ppm), has the most straightforwardly interpreted spectrum (Figure 1a) . Because of the absence of any mobile residues in the unit cell, the proton T 1 was long, and a 60-s delay was used between acquisitions, limiting the signal-to-noise that could be obtained within reasonable acquisition times. Nonetheless, the five peaks can be adequately observed, and the slightly increased breadth of the C1′ resonance is clear; this increased linewidth allows it to be assigned. C5′ was assigned by dipolar dephasing (29) and C4′ by means of its chemical shift. As is almost always the case in these compounds, C2′ and C3′ cannot be separately assigned with certainty.
The other two forms have two molecules per unit cell, and polymorph A contains water of crystallization, whose twofold hopping motion creates a proton relaxation sink. Its spectra could therefore be acquired with an 8-s delay between acquisitions. Both of these polymorphs illustrate the major difficulties of analyzing the spectra of crystals that have more than one molecule in the unit cell. Where significant degeneracy exists, as is the case for the C5′ signal of both polymorph A and polymorph B, and a fortiori for C2′ and C3′ of orthorhombic inosine (polymorph B), there is obviously no difficulty in assigning the spectrum. However, most of the time, the situation is more akin to that of the C2′ and C3′ region of monoclinic inosine dihydrate (polymorph A), where there are four more or less separate resonances. In these circumstances, there is no feasible means of assigning the lines to one or the other molecule in the unit cell or even of correlating them with each other. Therefore, in our analysis we have separated the chemical shifts of species with a single molecule per unit cell, shown in Table 1 , and those with more than one molecule per unit cell, shown in Table 2 . The latter can be used to check the consistency of our predictions, but were not used in the primary data analysis.
Spectra of this sort were obtained for the 20 compounds shown in Table 1 and the 5 compounds in Table 2 , all of which have two molecules per unit cell. The multiplicity of the overlapping peaks is denoted by a number in parentheses. Along with the chemical shifts, we give the important conformational parameters derived from the relevant crystal structure. Sugar puckers are simply classified as N or S and exocyclic angles as gg or gt, while the glycosidic angle χ is specified by the conformational region it lies in: ±sp, ±sc, ±ac, and ±ap (IUPAC-IUB, 1983). The χ values for syn and anti conformations are 0 ± 90° and 180 ± 90°, respectively.
DISCUSSION

Effects of Phosphorylation
In order to compare nucleoside and nucleotide data in a single set, we must first be able to account for the effects of phosphorylation on the 13 C chemical shift. Typically, these ef- fects are smaller than those either of pucker inversion or of rotation about the exocyclic angle. In our previous work (9) we estimated the effect of phosphorylation by comparing nucleoside and nucleotide shifts in solution. This, however, is not a completely satisfactory method. Liquid-state chemical shifts of small molecules are averages over a series of conformers, and replacement of a hydroxyl with a bulky phosphate group will not only directly affect the 13 C shifts of particular conformers, but also may change the distribution of conformers. However, within the current data set we have sufficient members of the S/gg/-ac group with phosphates on the 5′ position to directly estimate the effect of phosphorylation on chemical shifts. The only chemical shift for which we can detect a significant perturbation is that of the directly bonded carbon, C5′, which shows an average 1.4-ppm downfield shift. This, perhaps coincidentally, is the average shift difference at that position in solution between nucleosides and nucleotides in the Sadtler catalog (54, 55) . Since we cannot routinely assign the 3′ carbon signal, we cannot directly determine the effect of phosphorylation at that position on the shift of the directly bonded carbon. We therefore assume the effect to be identical to that on the C5′ position. No other clear tendencies are seen in the spectra and, in particular, no influence on more distant carbons can be reliably discerned.
Data Analysis
The raw data examined in this study consisted of the 13 C chemical shifts at the C1′, C4′, and C5′ positions and (because the two resonances cannot be unambiguously assigned) the average of the C2′ and C3′ chemical shifts. In the initial analysis, only those compounds which have either one molecule in the unit cell or two molecules with essentially identical conformations were used. Data analysis proceeded in two phases. First, exploratory data analysis, or EDA, was used to ascertain what conformational information resides in the chemical shifts. After this was complete, discriminant analysis was used to determine the linear combination of chemical shifts which gives the best statistical discrimination between different conformations.
The chemical shifts measured for all 20 members of the preliminary group of compounds in which there is only one molecule in the unit cell are given in Table 1 , along with their major conformational features and the reference to the relevant crystallographic structure. The EDA phase consists of examining pair plots created by the statistical language S for all pairwise combinations of the assignable chemical shifts. Three-and fourdimensional plots were also examined. Figure 2 shows such "pair plots." Even without identifying individual data points by conformation, the data clearly fall into two clusters, of size 12 and 8, with 3 points lying somewhat further away from the center of the larger group. The C1′ versus C4′ pair plot, in particular, shows clear separation between these two groups. If we now label the data points by conformation, it becomes clear that the smaller group of 8 corresponds to the N-puckered nucleotides, while the smaller group of 12 is the S-puckered group.
Discriminant Coordinates
We chose to adopt the Fisher discriminant function to obtain a statistically optimal separation between the two groups (56) . The Fisher discriminant function Z, also called the canonical discriminant function, is the linear combination of dependent variables that maximizes the statistical discrimination between two or more populations. Put in other terms, discriminant analysis finds the vector along which the difference in means between the two populations is largest compared with the standard error of the means. In matrix formalism the Fisher discriminant function is expressed as
where
The x i and x j terms are the vectors of the i and j sample distributions. These vectors have as elements the average of the sample variables. For example, in our case x N = {δC 1,N , δC 4,N , δC 5,N }for the N sample distribution, while S pooled is the weighed average of the covariance matrices of the two groups.
Using variables C1′, C4′, and C5′ we determined a first canonical coordinate: can1 = 0.179δ C1′ -0.225δ C4′ -0.0585δ C5′ .
[3]
Note that 1.4 ppm must been added to the δ C5′ chemical shift of the nucleosides to account for the effect of phosphorylation on the directly bonded carbon.
We can obtain can1 values for each of the 20 chemical shifts in our data set; along this coordinate, the two clusters are cleanly separated by a large gap. For the N-puckered group, can1 = -5:94 ± 0:53 (mean ±1 standard deviation), while for the S pucker, can1 = -7:73 ± 0:33. The difference between these two means is clearly more than twice the sum of the standard deviations.
Another way to test the statistical significance of this separation is to order the points by can1 value and then perform a one-sided Wilcoxon rank-sum test. Letting N = C(20, 12) = 125, 970, the probability that the data would be ranked perfectly along can1 by pure chance is 1/N. This coordinate therefore can be used to determine the ring pucker with a high degree of certainty.
An alternative method for analyzing the data might use the pseudorotation angle P in a linear or nonlinear regression model to predict the group. In fact, a model predicting P from can1 fits as well as any and is parsimonious. However, there are two disadvantages of this model. First, the data don't really look linear. There seem to be two widely separated clusters. There are no intermediate points between clusters along the can1 direction, so any model will be forced to interpolate into this region. This last consideration also makes it difficult to compare nonlinear models. Since the groups are separated, there is no way to accurately model the boundary region. It therefore seems wise at this time to treat the sugar pucker as a two-state problem.
Exocyclic Torsion Angle
The exocyclic torsion angle γ appears to have quite distinct and characteristic effects on the chemical shift. Specifically, a plot of C1′ versus C5′ chemical shift separates the N group into two clusters, each of size 4. These clusters are identified with a difference in the torsion angle γ, corresponding to the gg and gt configurations. In Figure 3 , we have denoted gt configuration with filled squares, while the open circles indicate a gg configuration. While the comparison of gg with gt conformers is based on fewer data points than the comparison of ring puckers, it agrees with previous observations of the effect of the exocyclic angle on DNA chemical shifts (9) . We have constructed a second canonical coordinate, can2, which maximally separates the two clusters. can2 = -0.0605(δ C2′ + δ C3′ ) -0.0556 δ C4′ -0.0524 δ C5′ [4] This coordinate, it should be noted, is considerably different from that which we gave in our preliminary report (21) . While the largest average difference in chemical shifts is at the C5′ position, the C5′ chemical shift also has considerable scatter within each group, and the average (C2′ + C3′) shift is actually a better discriminant than that of C5′. This is reflected in the larger weighting of this shift in the canonical coordinate.
Because of the smaller number of data points, it is difficult to make a useful estimate of the significance level of the difference in can2 between gg and gt conformers. The standard deviation of the overall data set, with respect to the respective mean can2 values of 16.62 (gg) and 17.08 (gt), is 0.16. This takes into account that there were five parameters extracted from the data points (the three coefficients and the two means). The standard deviation is, as before, considerably smaller than the difference between the means and suggests that can2 is a statistically useful measure of the exocyclic conformation. Clearly, though, the analysis would benefit from a larger set of experimental data. Figure 4 shows the can1 and can2 values for the 20 nucleotides. It is clear that N are well separated from S along can1, and gt from gg along can2, and that the two coordinates are linearly independent of each other. It is also clear from this plot and from EDA that there is no independent coordinate similar to can1 and can 2 separating species with syn glycosidic angles from those with an anti configuration about the glycosidic bond. In fact, the five syn compounds are those which form the "handle" protruding outward from the S cluster in the direction of the N cluster in the EDA analysis. At best, the syn glycosidic linkages attached to S-puckered sugar rings can be distinguished from anti linkages by their relatively high values of can1, but in the presence of significant dynamics it is unlikely that this is a reliable measure. We are forced to conclude that this aspect of the configuration cannot be determined from the carbon chemical shift.
Glycosidic Torsion Angle
Limitations of the Present Work
One problem with the present data analysis arises from the difficult of definitively assigning C2′ and C3′, necessitating the use of the sum of these two shifts in the analysis. It is possible that a further improvement in the discrimination coordinates could be obtained if such assignment were possible. We can investigate this possibility by examining the relationship between the magnitude of the difference between C2′ and C3′ chemical shifts and conformation. This is done in Figure  5 , where we plot the absolute value of the difference in these two shifts against their sum. In this representation, the two individual chemical shifts fall along the two diagonals; which diagonal is which depends on the sign of the difference. It is clear that the difference between C2′ and C3′ discriminates primarily between gg and gt conformers. In fact, the line separating the gg and gt clusters is approximately parallel to one of the diagonals, implying that the dependence of can2 on the average C2′ and C3′ chemical shift is actually concentrated in one of the two components. This component is likely C3′, if we make the assumption that C2′ is generally of higher frequency than C3′. On the other hand, the difference between these two chemical shifts is largely independent of the sugar pucker and the glycosidic angle, indicating that an ability to separately assign C2′ and C3′ will not improve the determination of these conformational parameters.
This data set also is relatively poor in nucleosides and nucleotides in rarer sugar conformations. While there are a few other crystalline nucleotides and nucleosides that do not fall into the four classes discussed in this work, their rarity probably means that the analysis of their chemical shifts will primarily depend on computational methods (57) .
Comparison with Published Solution NMR Structures
Calculation of can1 and can2 values for liquid-state structures (12) (13) (14) (15) (16) shows broad agreement with the conclusions of this solid-state NMR study, with a couple of significant exceptions. The can1 values for S-and syn puckered bases in solution seem to be uniformly less than those observed in the solid state, so that range of can1 values in solution appears to be somewhat lower. It seems reasonable to attribute this discrepancy to dynamics; syn nucleosides almost invariably are found in RNA loop regions, and these regions are likely highly mobile. If this conjecture is indeed true, it implies that most loop regions in RNA either undergo significant rotation about the glycosidic bond or alternatively significant pucker interconversion. In either case such dynamics would average the chemical shifts in solution and lead to lower can1 values. With this proviso, and with one exception (10) that has since been corrected in the literature, deductions from can1 values are in complete agreement with published solution NMR conformations. In contrast, there are several cases where can2 values from published 13 C chemical shifts are markedly discrepant with the published conformations. These discrepancies lead to exocyclic torsion angles being determined as gt where chemical shift data would suggest gg, or vice versa. Such discrepancies seem to be concentrated in regions near the end of a helix, where some "fraying" of the nucleotide may be evident and possibly where the solution structure determination may have been complicated by internal dynamics.
CONCLUSIONS
The canonical coordinates derived in this work appear to be the optimal way of extracting the sugar pucker and exocyclic angle from RNA chemical shift data. They are mathematically straightforward and can be used to determine conformations with a meaningful statistical likelihood. This should be readily compatible with existing methods of structural determination.
MATERIALS AND METHODS
Sample Preparation
Nucleosides and nucleotides used were purchased from Sigma Chemical Co. (St. Louis, MO) and ICN Pharmaceuticals, Inc. (Cleveland, OH). Crystals of adenosine-3′-phosphate dihydrate, adenosine-5′-phosphate monohydrate, monoclinic inosine dihydrate, monosodium inosine-5′-phosphate octahydrate, and 2-thiocytidine dihydrate were obtained by slow evaporation of aqueous solutions. Guanosine dihydrate and 8-bromoguanosine dihydrate were crystallized by slowly cooling hot saturated aqueous solutions of these substances. The crystals of cytidine and 5-methyluridine hemihydrate were grown from solutions of 30% aqueous ethanol. Disodium uridine-5′-phosphate heptahydrate, disodium uridine-3′-phosphate tetrahydrate, and disodium inosine-5′-phosphate heptahydrate were crystallized from a 25% acetone/water mixture by the diffusion technique. A solution of adenosine was titrated with concentrated HCl to pH 2.41. The protonated crystals then were obtained from aqueous ethanol solution by evaporation at 4°C. Anhydrous inosine was prepared by oven-heating at 100°C for 24 h. Crystals of adenosine, uridine, deazauridine, 8-bromoadenosine, 8-bromoinosine, 5-hydroxyuridine, 5-bromouridine, xanthosine dihydrate, cytidine-30-monophosphate, 6-azauridine, 6-thiopurine riboside, and 5-iodouridine were already in the desired forms as purchased. Crystals of orthorhombic inosine were obtained by fast evaporation at 20°C.
C NMR Data Acquisition
All NMR measurements were performed using a homebuilt solid-state spectrometer operating at an external field strength of 7.1 T. Sample quantities ranged from 25 to 100 mg; spectra were run in cylindrical sapphire rotors in a homebuilt probe incorporating Doty Scientific stator design. All nucleotide and nucleoside spectra were obtained using CP-MAS, with matched rotating frame B 1 field strengths equivalent to 62.5 kHz. Spinning rates between 2.8 and 3.7 kHz were used. Spectra were obtained using a proton 90° pulse of 4.0 μs and spectral width of ±10 kHz, using high-power proton decoupling during acquisition. The contact time was 1.00 ms for all experiments. Transients were averaged with a recycle delay ranging from 4 to 16 s for hydrated and 30 to 60 s for anhydrous crystalline samples. Typically, a total of 218 to 1024 free induction decay signals were collected for each sample and processed by zerofilling before Fourier transformation to make the estimation of peak positions possible. Spinning sidebands in some of the spectra were eliminated by employing the SELTICS pulse sequence (22) . All shifts are referenced to external TMS; however, the downfield resonance of adamantane, at 38.56 ppm from TMS, was used as a primary reference. No corrections are made for susceptibility effects, which we expect to be well under 1 ppm.
C NMR Spectral Interpretation
Assignments of the carbon resonances were made initially by comparison with spectral data of analogous nucleosides and nucleotides in solution (23, 24) . The resonance observed at the highest field was attributed to C5′. This was easily confirmed by noting its faster dipole evolution in the delayed decoupling experiment (25) . Assignment of the C1′ resonance was readily established by observation of its greater linewidth and occasionally resolved doublet splitting lineshape due to 14N quadrupolar effects (26) (27) (28) . The C4′ signal is in general at considerably higher chemical shift than the 20 and 30 signals and can be assigned on that basis; however, without isotopic labeling, the latter two resonances cannot be separately assigned with any reliability using current methods.
